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Abstract 
ABSTRACT OF THE DISSERTATION 

Designing Epigenome Editing Tools to Understand the Functional Role 

of DNA Methylation Changes in Cancer 

by 

James McDonald 

Doctor of Philosophy in Biology and Biomedical Sciences 

Molecular Genetics and Genomics 

Washington University in St. Louis, 2017 

Professor John Edwards, Chair 

DNA methylation is known to silence gene expression in the context of imprinting, X-

chromosome inactivation, and retrotransposon silencing. However, the role of DNA methylation 

in silencing gene expression outside of these contexts is not fully understood. This is especially 

true in diseases such as cancer, where normal DNA methylation patterns are significantly altered. 

In breast cancer as well as nearly all cancer types, most of the genome loses DNA methylation 

while small regions of the genome gain methylation. DNA methylation generally correlates with 

decreased gene expression when present at a gene promoter. Therefore, these regions of hypo- 

and hyper-methylation may contribute to cancer development and progression by activating 

oncogenes or silencing tumor suppressor genes. My work focuses on building tools to study the 

functional role of DNA methylation changes and exploring how methylation changes at a gene 

promoter promote resistance to treatment in breast cancer.  

About 75% of breast cancers depend on estrogen signaling through the estrogen receptor 

(ERα). These tumors are effectively treated by aromatase inhibitors (AI) that prevent estrogen 
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production. However, almost all advanced cases of ERα positive breast cancer develop resistance 

to AI therapy. I therefore sought to identify methylation changes that promote this resistance. I 

studied UCA1 and PTGER4, two genes identified by a screen for negatively correlated 

methylation and expression changes in a cell line model of AI resistance. UCA1 is a long non-

coding RNA that promotes growth and metastasis in bladder cancer. PTGER4 encodes the 

prostaglandin E2 receptor 4 (EP4), which supports the progression of multiple cancer types by 

altering cell signaling. While my experiments did not indicate that UCA1 has a strong role in AI 

resistance, I found that hypomethylation of the PTGER4 promoter correlates with increased 

expression and EP4 signaling. My data further suggest that the downstream effector of EP4 

signaling, CARM1, promotes endocrine therapy resistance by increasing the ligand-independent 

transcription activity of ERα.  

The effects of local DNA methylation changes are most often identified by correlating 

the methylation and expression levels from two samples. To show that methylation causes the 

expression change, these studies rely on non-specific tools that demethylate the whole genome: 

DNA methyltransferase (DNMT) inhibitors or by DNMT knockout/knockdown. To build a tool 

capable of inducing site-specific DNA methylation changes, I fused the human DNMT3A 

catalytic domain to the RNA-guided nuclease Cas9 (the Cas9 is nuclease dead). I used this tool 

to induce up to 53% DNA methylation on individual cytosines within 50 bp of the target site. 

When multiple sites within the CDKN2A or ARF promoters were targeted, the induced DNA 

methylation decreased the expression of the targeted gene. To determine the optimal DNMT 

catalytic domain to use in this system, I created alternative DNMT fusions that included human 

DNMT1, a fusion of mouse Dnmt3a to mouse Dnmt3L, human DNMT3B, and the bacterial 

methyltransferase M.SssI. While the Dnmt3a-Dnmt3L fusion increased methylation relative to 
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DNMT3A alone, it also induced more off-target methylation. The continued development of 

targeted DNA methylation technologies will increase our ability to identify functional 

methylation changes in tumors. As a result, we will learn the specific ways that methylation-

induced gene expression changes contribute to cancer.
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Chapter 1: Introduction 
 

DNA methylation is an epigenetic mark that affects gene expression without changing the 

DNA sequence. The presence of DNA methylation at a gene’s promoter correlates with 

decreased expression of that gene. DNA methylation is known to silence gene expression in the 

context of imprinting, X-chromosome inactivation, and retrotransposon silencing, but its role in 

silencing gene expression outside of these contexts is not fully understood (Edwards et al., 

2017). Indeed, it is not clear if DNA methylation initiates gene silencing or whether DNA 

methylation is added after gene silencing has already occurred. The work described in my thesis 

is aimed at further investigating this central question. 

Almost all cancers develop aberrant focal hypermethylation in a background of genome-

wide hypomethylation (Jones and Baylin, 2007). These regions of hypo- and hyper-methylation 

may contribute to cancer development and progression by activating oncogenes or silencing 

tumor suppressor genes, respectively (Ehrlich, 2009; Jones and Baylin, 2007). These DNA 

methylation changes can be used to detect cancer (Warton and Samimi, 2015) and identify 

specific cancer subtypes (Ciriello et al., 2013; The Cancer Genome Atlas Network, 2012). 

Increased understanding of the specific ways that DNA methylation affects gene expression will 

allow physicians to refine the application of methylation information to the detection, diagnosis, 

and treatment of cancer (Warton et al., 2016). Here I will review what is known concerning 

DNA methylation, the mechanisms for its establishment and maintenance, as well as its role in 

cancer. 
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1.1 DNA Methylation 

 My thesis focuses on the primary form of DNA methylation in humans, the addition of a 

methyl group (CH3) to the 5 position of cytosine residues (5mC). Information on DNA 

methylation of other residues or in other organisms can be found in the following reviews: Luo et 

al. (2015); Suzuki and Bird (2008). Mammalian DNA methylation was first discovered in a calf 

thymus preparation by Hotchkiss in 1948 (Hotchkiss, 1948). In 1975, Holliday and Pugh as well 

as Riggs proposed models for the role of DNA methylation in regulating gene expression during 

development and X-inactivation, respectively (Holliday and Pugh, 1975; Riggs, 1975). Since that 

time, DNA methylation has been intensely studied as an epigenetic mark that participates with 

DNA sequence and other factors to regulate gene expression. 

 Human DNA methylation occurs most often on cytosine residues in the sequence context 

5’–CG–3’, which is known as a CpG site (Ramsahoye et al., 2000; Ziller et al., 2011). The 

symmetrical nature of these sites allows DNA methylation to be copied in a semi-conservative 

manner during DNA replication. The result is that DNA methylation can be stably maintained 

through cell division and its effects are thereby heritable (Holliday and Pugh, 1975; Riggs, 

1975). There are about 28 million CpG sites in the human genome, and about 70% of these sites 

are methylated (Eckhardt et al., 2006; Edwards et al., 2010). CpG sites are unevenly distributed 

throughout the genome with a fraction of all CpGs occurring in ~1,000 bp clusters called CpG 

islands (CGI). This uneven distribution of CpG sites was created by the spontaneous deamination 

of methylated cytosine which creates a thymine residue (Bird, 1980; Coulondre et al., 1978) as 

well as a T-G mismatch. The base excision repair machinery cannot identify the correct base, 

which results in a 50% chance for a C to T mutation if the G is excised for repair. Despite the 
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higher density of potential methylation sites, CGIs remain largely unmethylated and thereby 

suffer fewer C to T mutations (Bird et al., 1985; Deaton and Bird, 2011). This then is the typical 

methylation pattern in human tissues: most of the genome is methylated but CpG poor while the 

CpG rich CGIs remain unmethylated. 

1.1.1 DNA Methyltransferases  

 The enzymes primarily responsible for creating the DNA methylation patterns described 

above are the DNA methyltransferases (DNMTs). The catalytic domain of eukaryotic DNMTs 

adopt an AdoMet-dependent MTase fold: seven beta strand and alpha helix units that fold to 

place the beta sheet between the outward facing alpha helices (Jurkowska and Jeltsch, 2016). The 

methylation reaction proceeds roughly as follows. Upon recognizing a CpG target, the DNMT 

flips the base out (Klimasauskas et al., 1994). The cytosine ring is then chemically altered to 

promote the methylation reaction. A conserved cysteine located in motif IV (Fig. 1.1) covalently 

Figure 1.1. Domain structure of the mammalian DNA methyltransferases. Domain abbreviations: 

DMAPD, DNA methyltransferase associated protein 1 interacting domain; PBD, PCNA binding 

domain; NLS, nuclear localization signal; RFTD, replication foci targeting domain; CXXC, CXXC 

domain; BAH1 and BAH2, bromo-adjacent homology domains 1 and 2; GKn, glycine-lysine repeats; 

PWWP, PWWP domain; ADD, ATRX-DNMT3-DNMT3L domain. Figure adapted from Jurkowska 

and Jeltsch (2016). 

 

Figure 2.1: Diagram of ERα domainse mammalian DNMT enzymes. Abbreviations used: 

DMAPD DNA methyltransferase-associated protein 1 interacting domain, PBD PCNA-binding 

domain, NLS nuclear localization signal, RFTD replication foci-Figure 2.2: PI3K and ERK 

pathways components that promote AI therapy resistancens 1 and 2, GK n glycine-lysine repeats, 

PWWP PWWP domain, ADD ATRX-DNMT3-DNMT3L domain. Figure copied from Jurkowska and 

Jeltsch (2016). 
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bonds to carbon six of the cytosine. In addition, a glutamate in motif VI (Fig. 1.1) donates its 

hydrogen to nitrogen three of the cytosine. These steps are supported by arginine residues 

located in motif VIII (Fig. 1.1, Lukashevich et al., 2016). These steps cause electron density to 

accumulate on carbon five, which then forms bonds with the methyl group from S-adenosyl-L-

methionine (AdoMet). Both the cysteine and glutamate are necessary for enzymatic activity, and 

their mutation creates a catalytically dead enzyme (Gowher et al., 2006; Reither et al., 2003). 

Several dissociation steps follow leaving a methylated base.  

 The DNMTs share a conserved catalytic domain, but their specific targets and functions 

are regulated by protein-protein interactions. For example, Dnmt1 is 4- to 75-fold more 

catalytically active at hemimethylated CpG sites where only one of the two cytosine residues is 

methylated (Okano et al., 1998; Song et al., 2011). Hemimethylated sites are created during 

DNA replication; therefore, DNMT1 is important for maintenance of DNA methylation patterns 

when cells divide. DNMT1 has several domains that support it in this role. The PCNA binding 

domain (PBD, Fig. 1.1) recruits DNMT1 to bind to replication forks (Chuang et al., 1997). The 

replication foci targeting domain (RFTD, Fig. 1.1) interacts with Uhrf1, which also recruits 

Dnmt1 to replicated, hemimethylated DNA (Bostick et al., 2007; Jeltsch, 2008; Sharif et al., 

2007). Uhrf1 also releases the autoinhibition of Dnmt1 caused by the interaction between the 

catalytic and RFT domains (Bashtrykov et al., 2014; Berkyurek et al., 2014; Takeshita et al., 

2011). When bound to unmethylated DNA, the CXXC domain (Fig. 1.1) blocks catalytic activity 

of a truncated Dnmt1 fragment (Song et al., 2011), though this was not found to be the case with 

a full-length Dnmt1 (Bashtrykov et al., 2012). In addition to these interactions, DNMT1’s 

overall structure also supports its role in maintenance of DNA methylation patterns. The enzyme 
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wraps itself around the DNA, allowing it to be processive and focus on methylating one strand: 

the unmethylated strand produced during DNA replication (Hermann et al., 2004; Song et al., 

2012). Information about additional interactions that affect DNMT1 function can be found in this 

excellent review (Jurkowska and Jeltsch, 2016). 

 The role of DNMT1 in maintenance methylation is confirmed by several other studies as 

well. DNMT1 has been cloned from both mouse (Bestor et al., 1988) and human (Ramchandani 

et al., 1998; Yen et al., 1992; Yoder et al., 1996). Knockout of DNMT1 is embryonic lethal in 

mice (Li et al., 1992), though both mouse and human stem cells can survive without DNMT1 (Li 

et al., 1992; Liao et al., 2015; Tsumura et al., 2006). Conditional knockout in differentiated cells 

also causes cell death (Fan et al., 2001; Jackson-Grusby et al., 2001; Sen et al., 2010; 

Trowbridge et al., 2009), including the HCT116 colorectal carcinoma cell line (Chen et al., 

2007). The importance of DNMT1 during DNA replication is further underscored by the finding 

that UHRF1 knockout produces a similar phenotype to DNMT1 knockout (Sharif et al., 2007).    

 In contrast to DNMT1, the DNMT3 family of DNMTs methylate unmethylated CpG 

sites. This family contains three members: DNMT3A, DNMT3B, and DNMT3L. However, 

DNMT3L contains several amino acid substitutions in the catalytic domain that render it 

catalytically inactive (Jurkowska and Jeltsch, 2016). Instead, it acts a cofactor for DNMT3A in a 

manner described below. Additionally, a new member of the DNMT3 family, Dnmt3c, has been 

recently discovered (Barau et al., 2016). This enzyme appears to have arisen from a rodent-

specific duplication of Dnmt3b.  

 Consistent with their role as de novo DNMTs, Dnmt3a and Dnmt3b methylate both 

hemimethylated and unmethylated DNA (Aoki et al., 2001; Gowher and Jeltsch, 2001; Okano et 
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al., 1998). The activity of both DNMT3A and DNMT3B is guided by the ADD and PWWP 

domains (Fig. 1.1). The PWWP domain binds to trimethylated histone 3 lysine 36 (H3K36me3), 

which targets DNMT3A and DNMT3B to methylate pericentric satellite repeats (Chen et al., 

2004; Ge et al., 2004). Mutations in this domain prevent this interaction and have been linked 

with immunodeficiency, centromeric instability, and facial anomalies (ICF) syndrome (Ge et al., 

2004; Shirohzu et al., 2002). The ADD domain is capable of myriad interactions that integrate 

the DNMTs with the cell’s chromatin modification machinery. These interactions include 

unmethylated H3K4 (Guo et al., 2015; Ooi et al., 2007; Otani et al., 2009; Zhang et al., 2010b), 

SETDB1 (Li et al., 2006), HP1β, and SUV39H1 (Fuks et al., 2003). For a complete list of 

interactions, see the Jurkowska and Jeltsch (2016) review. Similar to the CXXC or RFTD 

domains of DNMT1, the ADD domain causes autoinhibition by blocking access to the catalytic 

domain (Guo et al., 2015). 

 The DNMT3 family of proteins also form both homo- and hetero-multimeric structures 

that contribute to their function. The proteins interact at two regions: an arginine-aspartate (RD) 

interface near the DNA binding site and a phenylalanine-phenylalanine interface on the opposite 

side of the catalytic domain (Jia et al., 2007). Dnmt3a binds to DNA in a non-specific manner 

(Rajavelu et al., 2012) where it forms a homodimer on DNA via interaction at the RD interface. 

This initial binding event promotes cooperative binding (Emperle et al., 2014; Jia et al., 2007; 

Jurkowska et al., 2008, 2011; Rajavelu et al., 2012). These homodimers can methylate two CpG 

sites on opposite strands if the two sites are separated by about 1 helical turn apart (Jia et al., 

2007; Jurkowska et al., 2008). While Dnmt3L lacks an RD domain (Jurkowska et al., 2011), it 

retains an FF domain and binds on either side of the DNMT3A homodimer to create a Dnmt3L-
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Dnmt3a-Dnmt3a-Dnmt3L heterotetramer (Jia et al., 2007). This interaction increases Dnmt3a 

activity by increasing the affinity of Dnmt3a for both DNA and AdoMet (Chédin et al., 2002; 

Gowher et al., 2005; Kareta et al., 2006; Suetake et al., 2004). If a DNMT3A homodimer 

interacts with the FF interface of another DNMT3A homodimer, DNMT3A filaments can be 

formed on multiple parallel DNA strands. This interaction aids DNMT3A activity on organized 

heterochromatin. DNMT3L acts to break up the DNMT3A homomultimer filaments, perhaps 

potentially helping to redistribute it (Jurkowska et al., 2011). 

 DNMT3B possesses similar interface sites, making it capable of forming RD interface 

homodimers like DNMT3A. However, mutation of the interacting domains in Dnmt3b does not 

affect the function of Dnmt3b and indicates multimerization is not important for its function. 

Instead, Dnmt3b may also methylate DNA in a processive manner (Norvil et al., 2016). Two 

reports indicate processive activity for DNMT3A by pulse-chase experiments (Holz-Schietinger 

and Reich, 2010; Holz-Schietinger et al., 2011). However, long turnover in pulse-chase 

experiments is consistent with slow dissociation of DNMT3A oligomers. Similarly, processive 

activity is not consistent with an increase in catalytic activity due to the addition of a catalytically 

dead Dnmt3a (Emperle et al., 2014). The presence of a bias toward methylation of CpGs spaced 

every 8-10 bps is inconsistent with processive activity. The presence of this pattern in vivo (Jia et 

al., 2007) therefore indicates that the cooperative mechanism for DNMT3A is correct.  

 Despite having similar targeting and interacting domains, DNMT3A and DNMT3B serve 

slightly different functions in vivo. Dnmt3a and Dnmt3b have been cloned (Okano et al., 1998), 

and subsequent knockout studies have revealed the differences in function. Dnmt3b knockout 

mice die before birth, while Dnmt3a knockout mice die shortly after birth (Okano et al., 1999). 
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In these mice, a Dnmt3b knockout specific loss of methylation at centromeric satellite DNA was 

observed. The specific role of Dnmt3a was revealed by Dnmt3L knockout. Dnmt3L is expressed 

in few tissues, and knockout causes almost no phenotype except faulty gametogenesis (Hata et 

al., 2002). Male mice are sterile due to loss of methylation on and reactivation of retrotransposon 

sequences (Bourc’his and Bestor, 2004). Female mice fail to form the correct maternal imprints, 

which leads to the death of embryos in utero (Hata et al., 2002). These are the same phenotypes 

as a germline specific Dnmt3a knockout (Kaneda et al., 2004) and indicate that Dnmt3a and 

Dnmt3b are responsible for methylating different groups of repetitive elements. This difference 

in function could arise from the differences in the region N-terminal of the PWWP domain (Fig. 

1), which is the least conserved part of the enzymes (Jurkowska and Jeltsch, 2016). 

1.1.2 Maintenance and de novo Methylation are not Separate Roles 

 In the preceding section, I describe DNMT1 as solely responsible for maintenance 

methylation and DNMT3A/3B as solely responsible for de novo methylation. However, a review 

of the relevant data indicates that the truth is not so simple (Jeltsch and Jurkowska, 2014; Jones 

and Liang, 2009). The core of the problem is that neither group of enzymes does its job perfectly. 

DNMT1’s preference for hemimethylated DNA is not strong enough to ensure perfect 

methylation transfer to the newly synthesized DNA strand (Jeltsch and Jurkowska, 2014; Jones 

and Liang, 2009). Similarly, the dimerization of DNMT3A and DNMT3B places the catalytic 

sites at two CpGs on opposite strands. Because of this, DNMT3A and DNMT3B frequently fail 

to fully methylate unmethylated CpG sites. While imperfect, the proficiencies of DNMT1 can 

compensate for the deficiencies of DMT3A/B and vice versa. Indeed, either Dnmt1-/- or   

Dnmt3a-/- Dnmt3B-/- double knockout mouse embryonic stem lose repetitive sequence 
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methylation, indicating that both systems are needed for consistent methylation maintenance  

(Liang et al., 2002). All of these observations support the hypothesis that the combined activities 

of DNMT1 and DNMT3A/B cooperate to maintain the overall methylation level in a given 

region and not the specific methylation pattern (Jeltsch and Jurkowska, 2014; Jones and Liang, 

2009). 

1.1.3 Non-CpG Methylation 

 Despite their preference for CpG sites, DNMT3A and DNMT3B induce non-CpG 

methylation (Aoki et al., 2001; Gowher and Jeltsch, 2001; Ramsahoye et al., 2000). DNMT1 

knockout does not affect non-CpG methylation levels indicating that the de novo 

methyltransferase are responsible (Ramsahoye et al., 2000). DNMT3A/B induce non-CpG 

methylation preferentially: CpA > CpT > CpC (Aoki et al., 2001; Gowher and Jeltsch, 2001; 

Laurent et al., 2010; Ramsahoye et al., 2000). Non-CpG methylation occurs most frequently in 

embryonic stem cells (Lister et al., 2009; Ziller et al., 2011), induced pluripotent stem cells 

(Lister et al., 2011), neurons (Guo et al., 2014; Lister et al., 2013; Varley et al., 2013), and 

oocytes (Shirane et al., 2013); however, very low levels of non-CpG methylation can be detected 

in various differentiated tissues (Schultz et al., 2015). There is some evidence that non-CpG 

methylation is functional and not noise. The PGC-1α and PDK4 promoters gain non-CpG 

methylation in the skeletal muscle of type II diabetes patients, and this non-CpG 

hypermethylation correlates with decreased expression (Barrès et al., 2009; Barres et al., 2013). 

This might be accomplished through altering transcription factor binding; non-CpG methylation 

at Sp transcription factor binding sites of the STY11 gene blocks transcription factor binding and 

prevents expression (Inoue and Oishi, 2005). 
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1.2 DNA Hydroxymethylation 

 5-hydroxymethylcytosine (5hmC) is an oxidized derivative of 5mC that plays a role in 

the demethylation of 5mC (Ito et al., 2010; Tahiliani et al., 2009). The Ten-Eleven Translocase 

(TET) family of enzymes catalyze the formation of 5hmC by the addition of a hydroxyl group to 

the methyl group of 5mC. TET enzymes are also capable of further oxidizing 5hmC to 5-

formylcytosine (5fC) and 5-carboxycytosine (5caC, He et al., 2011; Ito et al., 2011). 5hmC is 

present at <1% of all cytosine residues in most tissues (Globisch et al., 2010; Ito et al., 2011), 

and almost always in the CpG context (Lister et al., 2013; Yu et al., 2012). The greatest 

prevalence of 5hmC occurs in neurons at 40% the level of 5mC (Kriaucionis and Heintz, 2009). 

In other tissues, 5hmC is at levels about 4 to 6% that of 5mC (Globisch et al., 2010; Ito et al., 

2011). 5fC and 5caC are almost completely absent from all tissues tested. Embryonic stem cell 

showed the highest levels of 5fC and 5caC at 20 or 3 modified residues per million cytosines, 

respectively (Ito et al., 2011).  

 When it does occur, 5hmC is common at the promoters of poised genes, gene bodies, and 

enhancers and is rare within CGI promoters (Wu and Zhang, 2017). CGI promoters lack 5hmC 

because these promoters also lack 5mC, the TET enzymes’ substrate. Instead, 5hmC is found on 

poised promoters which have both lower CpG density and higher 5mC (Williams et al., 2011; 

Wu et al., 2011). 5hmC concentration also increases along gene bodies with a bias toward the 

sense strand. This suggests that TET enzyme activity may be linked to active transcription (Wen 

et al., 2014). Enhancer and insulator 5hmC occurs on cytosines flanking transcription factor and 

CTCF binding sites (Stroud et al., 2011). This suggests that TET enzymes may be recruited by 
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transcription factors. However, it may also represent residual activity of TET enzymes at the 

promoter(s) that interact with the enhancer (Wu and Zhang, 2017).  

1.2.1 The TET Enzymes 

TET1, TET2, and TET3 represent paralogs that all share a conserved and active C-

terminal iron(II)- and 2-oxoglutarate (2OG)-dependent hydroxylase domain (Iyer et al., 2009; 

Zhang et al., 2010a). The TET enzymes also contain a conserved, N-terminal CXXC zinc finger 

DNA-binding domain. TET2, however, lacks the CXXC domain (Iyer et al., 2009). This loss 

was apparently caused by a chromosomal inversion that allowed the TET2 CXXC sequence to 

become its own gene, IDAX. IDAX aids TET2 binding to DNA, but in the process also triggers 

caspase based degradation of TET2 (Ko et al., 2013). Interestingly, the Tet1 CXXC domain does 

not bind DNA and is not necessary for catalysis (Frauer et al., 2011). Both mouse Tet1 and 

Xenopus Tet3 CXXC domains bind methylated and unmethylated CpGs (Xu et al., 2011, 2012). 

This is unusual for a domain that typically binds unmethylated CpG sites and may be caused by 

the loss of a KFGG motif that is maintained in the CXXC domains of MLL and CFP1 (Xu et al., 

2012). Once bound to the DNA, however, the catalytic domain shows a preference for 5mC in 

the CpG context. However, the DNA binding interactions do not contact the methyl group. This 

allows TET proteins to bind multiple derivatives of 5mC and catalyze their oxidation (Hu et al., 

2013a). Nevertheless, constraints at the active site give TET enzymes render them more 

catalytically active on 5hmC than on either 5fC or 5caC (Hu et al., 2015). 

1.2.2 DNA Demethylation  

 The most straightforward way to demethylate DNA is to undergo multiple cell divisions 

while DNMT activity is inhibited. The oxidation of 5mC to 5hmC encourages this form of 
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demethylation. DNMT1 is 60-fold more active on hemimethylated DNA (hemi-5mC) DNA than 

on hemihydroxymethylated DNA (hemi-5hmC, Hashimoto et al., 2012; Valinluck and Sowers, 

2007). The result is inhibition of maintenance methylation and dilution of 5mC by cell division. 

Two mechanisms may counter this loss of activity. First, UHRF1 can bind to hemi-5hmC and 

recruit DNMT1 (Hashimoto et al., 2012). Second, truncated isoforms of DNMT3A and 

DNMT3B remain active on hemi-5hmC DNA and can take over the maintenance role at these 

sites (Hashimoto et al., 2012). This latter mechanism is supported by the observation that 

Dnmt3a-/- Dnmt3b-/- mouse ESCs gradually lose 5mC (Chen et al., 2003). However, 

demethylation in the early embryo occurs in the presence of DNMT3A, suggesting that 

DNMT3A alone may not be sufficient to maintain methylation patterns (Wu and Zhang, 2014). 

 Alternatively, DNA methylation can be actively removed without DNA replication. 

Several mechanism have been proposed for this (Wu and Zhang, 2014); however, thymine-

DNA-glycosylase (TDG) base excision and subsequent repair is most supported by the evidence 

(Rasmussen and Helin, 2016). In this pathway, TDG detects 5fC and 5caC and catalyzes the 

removal of the modified cytosine base (He et al., 2011; Maiti and Drohat, 2011). The base 

excision repair pathway detects the damaged DNA and repairs it with an unmethylated cytosine 

residue. This mechanism is supported by the observation that overexpression of TDG in HEK293 

cells depletes 5fC and 5caC (Nabel et al., 2012). Initial immunological studies of early embryos 

found that DNA methylation of the paternal genome occurs before DNA replication, implying 

active demethylation (Mayer et al., 2000; Oswald et al., 2000). However, TDG expression is low 

in the early embryo (Tang et al., 2011), and 5fC and 5caC are diluted over cell division (Inoue et 

al., 2011). Altogether, it appears that DNA methylation is generally lost passively through DNA 
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replication, but specific regions may be targeted for active demethylation by TDG and base 

excision repair.   

1.3 DNA Methylation and Gene Regulation 

The presence of DNA methylation at a gene’s promoter correlates with decreased 

expression of that gene. However, there are many genes that are still expressed despite the 

presence of DNA methylation (Weber et al., 2007). The effect of DNA methylation on gene 

expression is position and context dependent. This can be demonstrated by the stronger 

correlations between methylation and expression in first exons (Schlosberg et al., 2017; 

VanderKraats et al., 2013) or at CGI shores (Irizarry et al., 2009). A large part of this control is 

directed by the transcription factors and methyl binding domain proteins that directly interact 

with DNA methylation. 

1.3.1 DNA Methylation Alters Transcription Factor Binding 

 The methyl group on methylated cytosine protrudes into the major groove of the DNA 

(Li and Zhang, 2014). DNA methylation is therefore able to alter the target site for transcription 

factors (TFs, Hu et al., 2013b; Yin et al., 2017) and exert direct control of gene expression. An 

early model was that methylation of TF binding sites (TFBS) blocked TF binding and caused 

gene repression (Tate and Bird, 1993). This principle has been demonstrated for MLTF (Watt 

and Molloy, 1988), YY1 (Gaston and Fried, 1995), and the E2F family of transcription factors 

(Campanero et al., 2000). Indeed, TFBS overall tend to be unmethylated (Choy et al., 2010), and 

SP1 protects the promoters to which it binds from being methylated (Brandeis et al., 1994; 

Lienert et al., 2011; Macleod et al., 1994). 
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 Further study has shown that the model described above applies in a limited number of 

cases. Of 519 TFs with motifs that contain CpGs, 202 (39%) of TFs bound irrespective of DNA 

methylation (Yin et al., 2017). DNA methylation could not affect the expression of genes 

controlled by these TFs. The subset of 317 (61%) TF motifs affected by DNA methylation 

contained 117 TFs (37%) inhibited by DNA methylation, 175 TFs (55%) stimulated by DNA 

methylation, and 25 TFs (8%) with multiple effects due to CpG sites at multiple positions in their 

motif(s) (Yin et al., 2017). This suggests that methylated motifs are capable of recruiting 

transcription activators as well as repelling them. Most importantly, the CpG sites that correlate 

with gene expression were found outside of TF motifs. This suggests that – on average – even if 

DNA methylation modifies TF binding, it will not affect gene expression (Medvedeva et al., 

2014). As a result, it is difficult to make a general statement about the effect of DNA methylation 

on gene expression via control of TF binding.    

1.3.2 Methylation Binding Domain Proteins Directly Read Methylation 

Information 

 
 Methyl binding domain (MBD) protein family members represent a subset of DNA 

binding proteins that have a strong affinity for methylated CpG sites (Du et al., 2015). This 

affinity is conferred by the 70 – 85 amino acid MBD. This family includes the founding member, 

MeCP2 (Meehan et al., 1989), as well as MBD1, MBD2, MBD3, MBD4, MBD5, and MBD6, 

which were discovered by their homology to MeCP2 (Du et al., 2015). The MBD domain 

preference for methylated CpG sites can range from about 3-fold up to over 100-fold (Fraga et 

al., 2003). MBD proteins also prefer to bind methylated DNA with high CpG density (Baubec et 

al., 2013; Cramer et al., 2014; Fraga et al., 2003). This suggests that MBD proteins are key 

readers of DNA methylation in the genome. 
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 When bound to DNA, MBD proteins decrease gene expression by recruiting corepressors 

(Du et al., 2015). For example, MeCP2 recruits both histone deacetylates (Jones et al., 1998; 

Nan et al., 1998) and HP1 (Agarwal et al., 2007; Singleton et al., 2011). HP1 in turn recruits 

SUV39H1, an H3K9 methyltransferase (Fujita et al., 2003). Both HP1 and SUV39H1 are 

capable of interacting with the DNMT3 enzymes via their ADD domains (Fuks et al., 2003; 

Jurkowska and Jeltsch, 2016). Similarly, MBD2 and MBD3 both recruit the NuRD complex to 

DNA (Guezennec et al., 2006). The NuRD complex represses gene expression via nucleosome 

remodeling and histone deacetylation (Lai and Wade, 2011). The MBD2-NuRD complex 

reinforces the repression already established by DNA methylation at the CDKN2A (Magdinier 

and Wolffe, 2001) and GSTP1 (Lin and Nelson, 2003) promoters. Altogether, these observations 

suggest that MBD proteins often serve to reinforce gene silencing at methylated regions of the 

genome by promoting the formation of heterochromatin. 

 Reinforcement of DNA methylation-induced gene silencing is not the only role of MBD 

proteins, however. MBD3 contains mutations that have eliminated its preference for 5mC (Saito 

and Ishikawa, 2002). Instead, MBD3 can bind 5hmC and repress genes in a 5hmC dependent 

manner (Yildirim et al., 2011). MBD4 contains a thymine DNA glycosylase domain that allows 

it play a role in demethylation via repair of mismatches resulting for deaminated cytosine (Cunha 

et al., 2014; Hendrich et al., 1999).  Lastly MeCP2 has roles in DNA looping that affect 

H19/Igf2 imprinting (Kernohan et al., 2010, 2014). These alternative functions of MBD proteins 

offer new and unexplored ways that DNA methylation can affect genome function. 
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1.3.3 Imprinting is Controlled by DNA methylation 

 The readers of DNA methylation play a direct role in control of monoallelic gene 

expression, also known as imprinting. The expression of imprinted genes is decided by the status 

imprinting control regions (ICRs), and DNA methylation regulates ICR activity (Peters, 2014). 

The IGF2 and H19 genes are imprinted and their ICR lies between them. A downstream 

enhancer can activate either gene. DNA methylation of the ICR controls the binding of the 

sequence-specific zinc finger CCCTC-binding factor (CTCF): CTCF binds the unmethylated 

maternal ICR but fails to bind the methylated paternal ICR. CTCF blocks the access of the 

enhancer to IGF2 on the maternal allele and thereby activates maternal H19 expression. On the 

other chromosome, ICR methylation prevents the enhancer from activating paternal H19 

expression, allowing it to activate IGF2 (Peters, 2014). Dysregulation of methylation at the ICR 

of the H19/IGF2 locus contributes to diseases such as Beckwith-Wiedemann syndrome (Bliek et 

al., 2001; Weksberg et al., 2001). This illustrates the role DNA methylation has in instigating 

gene silencing of imprinted genes. 

1.3.4 DNA Methylation and Long-term Silencing During X-inactivation 

 In contrast to imprinting, DNA methylation is added after gene silencing during X-

chromosome inactivation. As a form of dosage compensation for X-linked genes, mammalian 

female cells silence one of their two X chromosomes. The process begins when the long non-

coding RNA, XIST, is upregulated and coats the X-chromosome (Clemson et al., 1996). XIST 

recruits the PRC2 histone methyltransferase which applies the inactivating H3K27me3 mark 

(Plath et al., 2003). Over time, the inactive X is bound up tightly in heterochromatin. Late in this 

process, DNA methylation accrues at the promoters of X-linked housekeeping genes (Norris et 
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al., 1991). Methylated genes, such as Hprt, can be reactivated by loss of DNA methylation 

(Bhatnagar et al., 2014; Csankovszki et al., 2001; Mohandas et al., 1981). When XIST 

expression is lost after inactivation, the inactive X adopts a more active chromatin structure, but 

DNA methylation and gene silencing remain (Splinter et al., 2011). Thus, DNA methylation 

serves as the lock that maintains the repression of many genes on the inactivated X chromosome. 

1.3.5 DNA Methylation Silences Retrotransposon 

DNA methylation also acts as a long-term lock that represses retrotransposon activity in 

the genome. Loss of Dnmt3L prevents de novo methylation of retrotransposons as well as 

increased transposition and chromosomal instability (Bourc’his and Bestor, 2004). In mice 

expressing a Dnmt1 hypomorph, multiple long terminal repeat (LTR) intracisternal A particle 

(IAP) retrotransposons mobilized (Howard et al., 2008). In the human genome, long interspersed 

nuclear element family 1 (LINE-1 or L1) elements are the transpositionally active retroelements 

(Konkel and Batzer, 2010). Transcription from L1 elements increases with global DNA 

hypomethylation, suggesting that hypomethylation reactivates retrotransposition (Konkel and 

Batzer, 2010).   

 Retrotransposons can alter gene expression by serving as alternative regulatory 

sequences.  A well-known example is the hypomethylation of an IAP element upstream of a 

dominant Agouti allele in mice.  This alternative promoter causes constitutive expression of the 

dominant allele, resulting in the development of a yellow coat, obesity, diabetes, and cancer 

(Michaud et al., 1994; Morgan et al., 1999). In addition, when unmethylated, the L1 element in 

intron 2 of the hepatocyte growth factor receptor, MET, produces a truncated transcript that is 

constitutively active and promotes tumors of various types (Hur et al., 2013; Wallenius et al., 
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2000; Wolff et al., 2010). Transcriptome sequencing studies suggest that the above examples are 

not isolated incidents and that retrotransposons frequently serve as alternative promoters for 

coding genes (Faulkner et al., 2009). Retrotransposons comprise 42% of the human genome 

(Lander et al., 2001). Based on the above evidence, the control that DNA methylation has over 

retrotransposons therefore represents an important amount its control over gene expression. 

1.3.6 The Effect of Gene Promoter Methylation Depends on CG Content 

 DNA methylation has different effects at gene promoters depending on whether the 

promoter has high, intermediate, or low CpG density (Jones, 2012). The promoters of 60% to 

70% of human genes are present in CGI which have high/intermediate CpG content and remain 

largely unmethylated (Illingworth and Bird, 2009). There is some evidence that high CG content 

alone provides this protection (Krebs et al., 2014). However, the chromatin context created by 

active transcription also provides protection. H3K4me3 marks active genes and repels DNMT3L 

(Ooi et al., 2007). In systems with DNMT3L expression, de novo methylation is discouraged. 

Active promoters can be further protected by TF binding as described above. Despite these 

protections, some CGI promoters are methylated and silenced (Weber et al., 2007). Interestingly, 

the CGIs at the methylated and silenced promoters generally contained intermediate CpG 

density. High CpG density CGI promoters remained unmethylated (Weber et al., 2007).  

 Promoters that lack the protection of high CG content are more susceptible to DNA 

methylation (Weber et al., 2007; Ziller et al., 2013). One study found that DNA methylation 

silenced the LAMB3 and RUNX3 promoters in cancer (Han et al., 2011). This was confirmed by 

a genome-wide study that found about 7500 out of 9000 methylated promoters were silenced 

(Sarda et al., 2017). The observation that 1500 methylated promoters were still expressed had 
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Appendix B: Supplementary Material for 

Chapter 3 

 

 

Fig. B.1: CDKN2A promoter methylation analysis literature review. (A) UCSC genome browser 

view showing the regions of CDKN2A with either a reported relationship between methylation and 

expression or reported to be cancer-specific changes. The number beside each region corresponds to the 

reference in (B). (B) Table containing the hg19 coordinates of each sequencing region a3s well as the 

relevant reference. 

 



 

157 

 

 

References For Fig B.1:  

Barault, Ludovic, Céline Charon-Barra, Valérie Jooste, Mathilde Funes de la Vega, Laurent 

Martin, Patrick Roignot, Patrick Rat, et al. 2008. “Hypermethylator Phenotype in Sporadic 

Colon Cancer: Study on a Population-Based Series of 582 Cases.” Cancer Research 68 (20): 

8541–46. doi:10.1158/0008-5472.CAN-08-1171.  

 

Bihl, Michel P., Anja Foerster, Alessandro Lugli, and Inti Zlobec. 2012. “Characterization of 

CDKN2A(p16) Methylation and Impact in Colorectal Cancer: Systematic Analysis Using 

Pyrosequencing.” Journal of Translational Medicine 10 (1): 173. doi:10.1186/1479-5876-10-173.  

 

Esteller, Manel, Paul G. Corn, Stephen B. Baylin, and James G. Herman. 2001. “A Gene 

Hypermethylation Profile of Human Cancer.” Cancer Research 61 (8): 3225–29.  

 

Foster, Scott A., David J. Wong, Michael T. Barrett, and Denise A. Galloway. 1998. 

“Inactivation of p16 in Human Mammary Epithelial Cells by CpG Island Methylation.” 

Molecular and Cellular Biology 18 (4): 1793–1801.  

 

Gonzalez-Zulueta, M, C M Bender, A S Yang, T Nguyen, R W Beart, J M Van Tornout, and P A 

Jones. 1995. “Methylation of the 5’ CpG Island of the p16/CDKN2 Tumor Suppressor Gene in 

Normal and Transformed Human Tissues Correlates with Gene Silencing.” Cancer Research 55 

(20): 4531–35.  

 

Herman, J. G., J. R. Graff, S. Myöhänen, B. D. Nelkin, and S. B. Baylin. 1996. “Methylation-

Specific PCR: A Novel PCR Assay for Methylation Status of CpG Islands.” Proceedings of the 

National Academy of Sciences 93 (18): 9821–26.  

 

Herman, J G, A Merlo, L Mao, R G Lapidus, J P Issa, N E Davidson, D Sidransky, and S B 

Baylin. 1995. “Inactivation of the CDKN2/p16/MTS1 Gene Is Frequently Associated with 

Aberrant DNA Methylation in All Common Human Cancers.” Cancer Research 55 (20): 4525–

30.  

 

Huschtscha, L I, J R Noble, A A Neumann, E L Moy, P Barry, J R Melki, S J Clark, and R R 

Reddel. 1998. “Loss of p16INK4 Expression by Methylation Is Associated with Lifespan 

Extension of Human Mammary Epithelial Cells.” Cancer Research 58 (16): 3508–12.  

 

Ishiguro, Atsushi, Takenori Takahata, Masato Saito, Gen Yoshiya, Yoshihiro Tamura, Mutsuo 

Sasaki, and Akihiro Munakata. 2006. “Influence of Methylated p15 INK4b and p16 INK4a 

Genes on Clinicopathological Features in Colorectal Cancer.” Journal of Gastroenterology and 

Hepatology 21 (8): 1334–39. doi:10.1111/j.1440-1746.2006.04137.x.  

 

Kim, Jin C., Jin S. Choi, Seon A. Roh, Dong H. Cho, Tae W. Kim, and Yong S. Kim. 2010. 

“Promoter Methylation of Specific Genes Is Associated with the Phenotype and Progression of 

Colorectal Adenocarcinomas.” Annals of Surgical Oncology 17 (7): 1767–76. 

doi:10.1245/s10434-009-0901-y.  



 

158 

 

 

Liang, Jin-Tung, King-Jen Chang, Jeng-Chang Chen, Chun-Chung Lee, Yung-Ming Cheng, 

Hey-Chi Hsu, Ming-Shiang Wu, Shih-Ming Wang, Jaw-Town Lin, and Ann-Lii Cheng. 1999. 

“Hypermethylation of the p16 Gene in Sporadic T3N0M0 Stage Colorectal Cancers: Association 

with DNA Replication Error and Shorter Survival.” Oncology 57 (2): 149–56. 

doi:10.1159/000012023.  

 

Merlo, Adrian, James G. Herman, Li Mao, Daniel J. Lee, Edward Gabrielson, Peter C. Burger, 

Stephen B. Baylin, and David Sidransky. 1995. “5′ CpG Island Methylation Is Associated with 

Transcriptional Silencing of the Tumour Suppressor p16/CDKN2/MTS1 in Human Cancers.” 

Nature Medicine 1 (7): 686–92. doi:10.1038/nm0795-686.  

 

Shen, Lanlan, Paul J. Catalano, Al B. Benson, Peter O’Dwyer, Stanley R. Hamilton, and Jean-

Pierre J. Issa. 2007. “Association between DNA Methylation and Shortened Survival in Patients 

with Advanced Colorectal Cancer Treated with 5-Fluorouracil–Based Chemotherapy.” Clinical 

Cancer Research 13 (20): 6093–98. doi:10.1158/1078-0432.CCR-07-1011.  

 

Shima, Kaori, Katsuhiko Nosho, Yoshifumi Baba, Mami Cantor, Jeffrey A. Meyerhardt, Edward 

L. Giovannucci, Charles S. Fuchs, and Shuji Ogino. 2011. “Prognostic Significance of CDKN2A 

(p16) Promoter Methylation and Loss of Expression in 902 Colorectal Cancers: Cohort Study 

and Literature Review.” International Journal of Cancer 128 (5): 1080–94. 

doi:10.1002/ijc.25432.  

 

Ward, Robyn Lynne, Kay Cheong, Su-Lyn Ku, Alan Meagher, Terence O’Connor, and Nicholas 

John Hawkins. 2003. “Adverse Prognostic Effect of Methylation in Colorectal Cancer Is 

Reversed by Microsatellite Instability.” Journal of Clinical Oncology 21 (20): 3729–36. 

doi:10.1200/JCO.2003.03.123.  

 

Widschwendter, Martin, Allison Jones, and Andrew E. Teschendorff. 2012. “Epigenetics Makes 

Its Mark on Women-Specific Cancers—an Opportunity to Redefine Oncological Approaches?” 

Gynecologic Oncology, no. 0. Accessed November 7. doi:10.1016/j.ygyno.2012.09.027.  

 

Wong, David J., Scott A. Foster, Denise A. Galloway, and Brian J. Reid. 1999. “Progressive 

Region-Specific De novo Methylation of the p16 CpG Island in Primary Human Mammary 

Epithelial Cell Strains during Escape from M0 Growth Arrest.” Molecular and Cellular Biology 

19 (8): 5642–51. 

  



 

159 

 

 

 
Fig. B.2: sgRNA target validation. Validation of g1a and g33a (A) and for g7a (B) using a mismatch 

detection assay. Cells were transfected with active CRISPR/Cas9 and the indicated sgRNA. The parental 

band is 655 for (A) and 755 for (B). Cleavage products are 384 and 326 for g7a (blue arrows), 384 and 

271 for g1a (blue arrows), and 472 and 183 for g33a (red arrows). NHEJ frequencies are estimated at 28% 

for both g1a and g33a, and at 24% for g7a. 
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Fig. B.3: Validation of the Amplicon Bisulfite Sequencing (ABS) method. ABS (A) and Sanger 

bisulfite sequencing (B) data for the red region in Figure 3.1C. For Sanger data, each line represents one 

read. Filled circles represent a methylated CpG; empty circles represent an unmethylated CpG. The 

percent methylation of all CpGs in the green boxes is included on top of each box. (c) Scatter plot of the 

Sanger sequencing versus ABS data showing high correspondence between each method. (D) ABS 

sequencing of the same amplicon in (A) for genomic DNA artificially methylated using M.SssI at 0%, 

50% and 100% levels. 
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Fig. B.4: dCas9-DNMT3A Induces Non-CpG Methylation. CHG methylation (A) and CHH 

methylation (B) after transfection of CDKN2A locus with three pooled sgRNA (g1a, g7a, and g33a). 

Methylation data is from the red region in Figure 3.1A. Peak methylation is observed at the same six CpG 

cluster where we observe peak CpG methylation (Figure 3.1C, near position 300 bp). 
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Fig. B.5: Percent methylation for additional CpGs over the 20-day time course. This data 

supplements Figure 3.1D. CpG locations indicated in each panel are relative to CDKN2A’s TSS as in 

Figure 3.1C. 
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Fig. B.6: sgRNA directed methylation is strand specific and decreases after 50 bp. Arrows indicate 

the 5’ to 3’ direction of the sgRNA. (A) Percent methylation in each direction on either side of a sgRNA 

site for cells transfected with a single sgRNA. (B) Percent methylation relative to the sgRNA target site. 

Data comes from cells transfected with both g33a and the indicated sgRNA (Figure 3.1E). CpGs that fall 

within 50 bp of the g33a sgRNA are removed to avoid confounding effects from the second sgRNA. 

Methylation levels are background-subtracted using methylation levels from off-target sgRNAs as the 

background (Figure 3.2B). 
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Table C.3: Bisulfite sequencing regions and primers 

 

 

 
Table C.4: RT-qPCR Primers 


